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Where in the cell is my protein?

David J. DeRosier

Brandeis University, Waltham, MA, USA

Abstract

The application of cryo-correlative light and cryo-electron microscopy (cryo-CLEM) gives us
a way to locate structures of interest in the electron microscope. In brief, the structures of
interest are fluorescently tagged, and images from the cryo-fluorescent microscope (cryo-
FM) maps are superimposed on those from the cryo-electron microscope (cryo-EM). By
enhancing cryo-FM to include single-molecule localization microscopy (SMLM), we can
achieve much better localization. The introduction of cryo-SMLM increased the yield of
photons from fluorophores, which can benefit localization efforts. Dahlberg and Moerner
(2021, Annual Review of Physical Chemistry, 72, 253–278) have a recent broad and elegant
review of super-resolution cryo-CLEM. This paper focuses on cryo(F)PALM/STORM for
the cryo-electron tomography community. I explore the current challenges to increase the
accuracy of localization by SMLM and the mapping of those positions onto cryo-EM images
and maps. There is much to consider: we need to know if the excitation of fluorophores dam-
ages the structures we seek to visualize. We need to determine if higher numerical aperture
(NA) objectives, which add complexity to image analysis but increase resolution and the effi-
ciency of photon collection, are better than lower NA objectives, which pose fewer problems.
We need to figure out the best way to determine the axial position of fluorophores. We need to
have better ways of aligning maps determined by FM with those determined by EM. We need
to improve the instrumentation to be easier to use, more accurate, and ice-contamination free.
The bottom line is that we have more work to do.
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Introduction

Structural cell biology aims to visualize the distribution of matter in cells and subcellular struc-
tures and to determine which features correspond to which molecules or even which subdo-
mains. In the distant past, cells were fixed, stained, and sectioned in order to see their interior
features by electron microscopy. We could sometimes tell very generally where in the cell our
molecules of interest were located, but the molecular details were not well preserved during the
preparation. The introduction of frozen-hydrated cryo-electron microscopy (cryo-EM)
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(Adrian et al., 1984) meant that biological structures could be pre-
served in an essentially native state. By fast freezing hydrated EM
grids, water was prevented from crystallizing. It was as if all the
atoms were frozen in their tracks. That is not strictly true, but
there is now much evidence that this method preserves biological
structures to atomic detail.

With the addition of improved microscopes, cameras, and
image-processing programs came the resolution revolution in
cryo-EM (Kühlbrandt, 2014) and the cryo-electron tomography
(cryo-ET) of frozen-hydrated specimens (Baumeister et al.,
1999). Now we can do much better. Cryo-ET of frozen-hydrated
specimens can display in three-dimensions (3D) the interiors of
large machines, organelles, and cells in their near native states
and in exquisite, near atomic detail (e.g. Metlagel et al., 2019;
Schur, 2019: Chakraborty et al., 2020; Ke et al., 2020, Watanabe
et al., 2020). We wish to consider the ways in which we can locate
a molecule or a part of a molecule, which we will call the target, in
a 3D cryo-ET map.

If the interesting part of the cell is thin enough (say <500
nm), we can generate tomograms directly from the cells on
the EM grid. Most cells, however, are too thick for imaging
their interiors by cryo-EM. One particularly productive avenue
of viewing the interiors of thick cells by cryo-ET is the use of
focused ion beam (FIB) milling to generate thin lamellae cut
through cells (Marko et al., 2006, 2007; Rigort and Plitzko,
2015). The question is, where do we mill the lamella so that it
contains our target structure? In some cases, it may not matter
because structures of interest are easily found in most lamellae,
but we still must find the target structure somewhere in the 3D
tomogram. If we are lucky, the target may be located either
because its structure is known and it is of sufficient size and
shape to be picked out by cross-correlation (Bohm et al.,
2000; Rickgauer et al., 2017), or because the target is associated
with a known structure that is identifiable (Watanabe et al.,
2020). When those lucky situations do not apply, we would
like, in the first place, to know where to mill our lamellae. At
present, we can generate perhaps ∼20 lamellae on a single
grid (Buckley et al., 2020, Zachs et al., 2020) but that effort
takes a big part of a day. Because generating cryo-ETs from
lamellae can take hours of expensive EM time and can generate
around a terabyte of data, we would like to be sure we have a
good chance of finding our target in the resulting tomogram.
In the second place, we need to locate our target within the
tomogram.

What avenues are available to us?

We could use a fluorescent microscope (FM) to locate the gene-
ral volume of our target. Given the use of frozen-hydrated sam-
ples for EM, it made sense to carry out FM on the very same
frozen samples being imaged in the EM. Thus, was cryo-
correlative light and cryo-electron microscopy (cryo-CLEM)
introduced in 2007 (Sartori et al., 2007; Schwartz et al.,
2007). The goal is to use cryo-CLEM to increase the probability
of seeing our targets in the EM. Moreover, we may want to
freeze/trap a cell at some particular stage, and having marked
the structure of interest with a fluorescent tag, we will know
where to look for our target in the cryo-ET. But the resolution of
FM images, being about 250 nm laterally and 500 nm axially, is
not accurate enough either to determine where to mill a 150 nm
thick lamella that contains our target or to locate our target in
the tomogram

SMLM methods achieve better localization than plain FM.

Single-molecule localization microscopy (SMLM) such as
STORM (Rust et al., 2006) or (F)PALM (Betzig et al., 2006;
Hess et al., 2006) provides a way of localizing fluorescent tags
more precisely than expected from the resolution of the FM
(see Box 1). There are many ways to put a fluorescent tag on a
target molecule either by cloning the gene for a suitable fluores-
cent protein (FP) into the gene of the target molecule (e.g. Liu
et al., 2015) or by binding an appropriate fluorescent dye to the
target (e.g. Bates et al., 2012).

Because we can choose the photophysical properties of the
SMLM fluorophores, we can arrange that only a few of the fluo-
rophores are fluorescing at any one time. The positions of these
few fluorescing tags can be determined by fitting the point
spread function (PSF) to the observed distribution of photons
and thus localize the tag to a fraction of the PSF. When these
fluorescing tags switch off, a few more tags, when turned on,
can be mapped until they switch off. This process is then
repeated until all the fluorophores within the entire field of
view are precisely mapped. In this way, we eliminate the problem
of overlap of fluorescing tags in space by separating them in
time. The equation governing the error in position is given
and discussed in Box 1. The take home message is that the pre-
cision of localization is much, much better than the Rayleigh
resolution, that the more fluorescent photons captured the
smaller the error, and that the higher the number of background
photons the bigger the error.

What we really want to know, however, is the accuracy of the
localization, which may differ from the precision due to other
sources of error such as deviation of the PSF from a Gaussian
distribution or from errors in the registration of the SMLM
image and the tomogram. Thus, in our mind, we need to keep
separate errors in precision from errors in accuracy from errors
in registration.

Other factors also contribute to an increase in errors. If the flu-
orophore is out of focus, the observed PSF in the image and the
error will be larger. The mechanical stability of the microscope
can also contribute to the observed PSF. Contributors include
vibration, which can come from sound in the room as well as
from the platform on which the microscope sits, and thermal
drift. Moreover, not all objectives perform to the theoretically cal-
culated PSF. One solution is to determine experimentally the PSF,
which is a good check on how well a setup is performing.
Determination of the PSF is easily done with fluorescent nano-
beads, which are available commercially.

The errors discussed above are those for the precision of the
location of the fluorophore, whereas the accuracy is determined
by how close the estimated position is to the true position of the
fluorophore. The formula given in Box 1 assumes that the distri-
bution of photons in the PSF is Gaussian, which is an approxi-
mation. The approximation is good if the fluorophores are freely
tumbling, but a correct description of the distribution of pho-
tons in the PSF derives from the predicted radiation from a
molecular dipole (Mortensen et al., 2010). We will return to
this point later.

For a particular fluorophore, we also want to know the pre-
dicted best resolution we can achieve. This will depend on the
photophysical properties of the fluorophore. Pennacchietti et al.
(2017) have made a detailed study of a Dendra2. In selecting a flu-
orophore to use under cryo-FM, we could use their methodology
as a model for evaluating candidate fluorophores.
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The determination of z, the depth of the fluorophore, is
trickier than that of x and y.

The error in z follows the same equation as those for x and y,
except that we need to know the PSF in the z direction. One
method is to take a through focal series and carry out the fitting
in 3D instead of two-dimensional (2D). Another method is to
introduce astigmatism (Kao and Verkman, 1994), which obviates
the need to obtain a through focal series. Either a cylindrical lens
or an adaptive optics lens (Siemons et al., 2020) can introduce
astigmatism, which causes the PSF to elongate laterally in one
direction if the fluorophore is above the plane of focus and at
right angles to that if it is below (Fig. 1a). A series of through
focal images of fluorophores on a flat surface can be used to gener-
ate a calibration curve of the x and y widths of the PSF as a function
of defocus (i.e. z; Fig. 1b). The curves can then be used to determine
the z positions of the fluorophores (Huang et al., 2008, Chien et al.,
2015). In a STORM experiment using CY3 and Alexa 647 and
within about 100 nm of focus, errors were about 10 nm in x and
y and about 20–35 nm in z (Huang et al., 2008). It is important
to note that the error in localization increases as the amount of
underfocus or overfocus increases. This level of error suggests that
the use of astigmatism is a feasible way of determining the z position
of a tag under the right circumstances – more later. There are other
methods of determining z as well: for example, the biplane method
(Juette et al., 2008) or the double-helix PSF (Lew et al., 2010). These
two may perform better than the method using astigmatism, but
they require more modifications to the optics.

These results were all obtained at ambient temperature. The
thrust of this paper is to adapt SMLM methods for cryo-
conditions, which is the forefront of CLEM. Thus, we need cryo
stages and cryo-fluorophores.

There are existing cryo-stages compatible with objectives
of different numerical apertures.

A schematic of a cryo-SMLM is shown in Fig. 2. There are a range
of different realizations of cryo-LM stages for such a cryo-FM,

some of which are available commercially. In one design
(Fig. 3a), the cold samples are viewed with air or vacuum coupled
objectives (e.g. Sartori et al., 2007, Schwartz et al., 2007,
Weisenburger et al., 2017). Linkam Scientific Instruments offers
the CMS196 cold stage, which can be added to a fluorescence
microscope, and Leica Microsystems offers the Thunder Imager
EM cryo-CLEM microscope, which has the cold stage (see
Schorb et al., 2017) as an integral part of the microscope. The
designs for the two commercial instruments are a bit different
from that in Fig. 3a in that the sample is held by a horizontal
arm, which additionally permits transmitted light. Instead of
the coverslip, the front surface of the objective is in contact
with the cold gas. The important point is that all the objectives
are air or vacuum coupled and can be operated essentially at
ambient temperature.

The air or vacuum coupling, however, restricts the numerical
aperture (NA) to <1. The NA may also be limited to still lower
values if a long working distance between sample and objective
is required. The NA derives from the angular width of the cone
of light that enters the objective: the larger the NA, the wider
the angle. The NA, therefore, influences the resolution of the
resulting image in two ways. First, the dimension of the PSF is
proportional to the inverse of the NA. Hence, a higher NA
means a smaller PSF. Second, the number of photons captured
is roughly proportional to NA squared. Thus, if we increase the
NA of the objective, we decrease root mean squared error by a fac-
tor of ∼1/NA2. Can a higher NA objective improve localization of
the fluorophore under cryogenic conditions?

Several groups have built cryo-microscopes that employ
immersion lenses having an NA of 1.2–2.17. An NA of 1.2 com-
pared to an air-coupled objective with an NA of, say, 0.8 would
decrease the error by a factor of about 2, i.e. (1.2/0.8)2. In one ver-
sion of a cryo-microscope, the 1.3 NA objective itself operates at
cryo temperatures (Fig. 3b). The objective is optically coupled to
the sample by liquid propane (Le Gros et al., 2009). One advan-
tage of this design is that the plunge freezer is built into the cryo-
stage in which the room temperature, blotted sample is plunged

Box 1.

The formula for resolution in the light microscope according to the Rayleigh criterion is given by

x = 0.61 ln/NA

where x is the resolution (nm), λ is the wavelength (nm), n is the refractive index of the sample, and NA is the numerical aperture of the objective lens. If, for
example, λ = 400 nm, n = 1.5, and NA = 1.45, then our resolution is x = 252 nm. In contrast to the Rayleigh resolution, SMLM resolution is derived from the
precision or standard error of the mean of the localization as given in the equation below:

〈(Dx)2〉 = s2

N
+ a2

12N
+ 4

��
p

√
s3b2

aN2

where Δx is the standard error of the mean position of the distribution of observed photons, s is the standard deviation (nm) of a Gaussian distribution, which is
a simple model for the PSF, N is the number of photons collected in the peak, a is the pixel size (nm), and b is the background photons per pixel (Thompson
et al., 2002). The idea is that the fluorophore’s position is within 2 × Δx of the location of the peak intensity with a 95% probability. An improved version of the
equation has been given by Mortensen et al. (2010), but the equation above captures the essence of determining the error of localization. Ignoring the last two
terms for a moment, we see that the error depends only on the ‘width’ of the PSF and the number of photons. Thus, we can reduce the error by decreasing the
width of the PSF, increasing the number of photons, or both. As an example, if we collect 500 photons, we improve the rms error by a factor of 5001/2 = 22
compared to the Rayleigh resolution of an FM. But a high background can significantly change our final resolution. If s is ∼230 nm, N is 500 photons, a is ∼140
nm, and b = 0, we would have an rms error of 10 nm. The second term of the equation, which is due to pixelation of the image, only increases the error estimate
by 0.2 nm in our example. Turning to the third term, which is due to background, we find that a 1% background count (b = 5) would increase the error estimate
from 10 to 13 nm while a 5% background count (b = 25) gives an error estimate of 40 nm, a 400% increase. Thus, the background can be an important
contributor to the error. Typically, observed errors are 20–50 nm (Li and Vaughan, 2018). The key point is that the errors in localizing the tag are much smaller in
SMLMs than the classical resolving power of the FM.
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into the liquid propane filled viewing chamber of the microscope.
A drawback of this design is that the cold stage cannot be attached
to a standard FM.

The other two designs, which are both described in Fig. 3c,
have ∼1.2 NA objectives that operate at or near ambient temper-
ature (Nahmani et al., 2017; Faoro et al., 2018). The objective lens

Fig. 1. (a) Schematic diagram showing the insertion of a cylindrical lens in the optical path in an inverted microscope. The cylindrical lens introduces astigmatism
into the PSF as seen in the through focus series of images to the right of the schematic drawing. At −400 nm, the PSF is elongated vertically in the image while at
+400, it is elongated horizontally. (b) Plots of the horizontal width and vertical width versus distance from focus. The wx and wy widths of fluorophores in an image
can be used to determine their z positions relative to the plane of focus. Reprinted from Fig. 1 by permission from © American Association for the Advancement of
Science, Science, Huang et al. (2008).

Fig. 2. Schematic of a cryo-fluorescence microscope that can be used for SMLM. The 405 nm laser is typically used to switch fluorophores such as PSmOrange from
orange to red. The 643 nm laser excites the switched PSmOrange fluorophore, which emits at 662 nm. The dichroic mirror to the left of the lasers transmits the
excitation beam and reflects the activation beam making the two beams collinear. The other dichroic mirror reflects the laser beams onto the sample via the
objective lens while transmitting the fluorescence beam returning from the sample. The returning beam is further isolated from the activation and excitation
beams by the emission filter. From there the fluorescence beam is made stigmatic by a cylindrical lens, focused by the tube lens, and recorded by the camera.
Additional lasers can be added using suitably chosen dichroic mirrors to merge the beams. To reflect these additional beams onto the sample and permit passage
of the emitted fluorescent beam, we need to switch the second dichroic mirror and the emission filter to work with the altered wavelengths. The frozen-hydrated
sample is kept frozen either by a cryo-block or by cold gas or liquid around the sample as indicated in one of the cryo-stage designs in Fig. 3.
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is coupled optically by means of a cryo-liquid that has a refractive
index about that of water, does not boil at room temperature, and
does not freeze at −140 °C, the temperature needed to keep vitre-
ous ice from crystallizing. In this design, the warm objective nec-
essarily delivers heat to the sample, which must be kept cold by
removing the heat with a cold finger connected to the sample.
The thermal conductance in the optical path must be such that
the water layer is liquid while the sample is at ∼−140 °C. All
this can and does happen over a fraction of a millimeter. Both
implementations can be added to a commercial FM. In a different
realization (Fig. 3d), one group used a super-hemispherical solid
immersion lens (superSIL) with an NA of 2.17, which provides a
potentially larger decrease in the root mean square (rms) error
(Wang et al., 2019). The superSIL lens, which is optically coupled
to the cold sample and which operates at cryogenic temperatures,

forms a virtual image of the sample below the plane of the sample.
The virtual image is then magnified by a long working distance,
low power objective operating at ambient temperature. This
design can be added to a standard FM. We will consider later
whether a higher NA aperture should be a goal.

There are fluorophores we can use for cryo-SMLM.

For a list of some FPs used for cryo-SMLM see Table 1 in Tuijtel
et al. (2019) or Tables S1 and S2 in Hoffman et al. (2020). These
two references also have accounts of how to do cryo-SMLM. For a
complete listing of the properties of almost all FPs, see the FP
Base (Lambert, 2019).

Of obvious interest is the number of photons each fluorophore
emits on average before bleaching, which under cryogenic

Fig. 3. Schematics of four cold stage designs. (a) Cold
nitrogen gas flows past the cryo-block, which holds
the sample. A coverslip separates the cold sample
from the objective lens. The objectives are limited to
NAs <1. (b) In this design, a grid has been plunged
and held in place by tweezers (not shown). The optical
track runs horizontally from left to right passing through
a window, the liquid propane, the sample, and then to
the objective lens and camera (not shown). The liquid
propane is maintained at the proper temperature by liq-
uid nitrogen (not shown). The objective can have an NA
of 1.3. (c) Cold nitrogen gas maintains vitreous nature of
the ice in the sample. To permit the use of higher NAs,
e.g. NA = 1.2, the sample and objective are optically cou-
pled by a cryo-fluid, coverslip, and water. The cold stage
operates at steady state. Heat, supplied to the water
layer by some mechanism (not shown), is conducted
through the coverslip and cryo-liquid to the sample.
The heat is carried away by cold-nitrogen-gas cooled
cryo-block on which the sample sits. The heat conduc-
tances of the coupling layers are such that the specimen
is kept below the transition temperature of vitreous ice.
(d ) Cold nitrogen gas keeps the sample below the vitre-
ous ice transition temperature. The sample sits under a
high NA superSIL lens, which serves as the objective.
Below the sample lies the virtual image of the sample
made by the superSIL lens. The virtual image is reim-
aged by a second, longer-working- distance objective,
which operates at ambient temperature. SuperSIL
lenses with NAs above 2 are possible with this design.
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conditions is significantly greater than that at ambient tempera-
tures. As far as we know, all fluorophores fluoresce at cryo-
temperatures, but not all are suitable for SMLM because they
either must be switchable or they must blink appropriately. In a
commercial cryo-FM (NA = 0.8) using Dronpa, a FP, about
2000 photons were detected before bleaching (Liu et al., 2015),
whereas for photoactivatable green fluorescent protein (PAGFP)
with a NA = 1.2 objective, about 500 photons were detected before
bleaching (Nahmani et al., 2017). (Note that only a small percent-
age of photons emitted by a fluorophore is detected by micro-
scopes.) Under cryo-conditions, PAmKate, another FP, may
have the record yielding over 1 million detected photons before
bleaching in one case, but this FP generally yields about 11 000
detected photons before bleaching. The resulting error in x, y
localization of PAmKate was on average about 9 nm (Dahlberg
et al., 2018).

Capturing so many photons with the attendant decrease in
errors may not be necessary and may cause another problem.
PAmKate has such a long on-time that multiple molecules may
fluoresce within the same diffraction limited volume (Dahlberg
et al., 2018) and/or the long lifetime may increase data collection
time significantly. Moreover, given time constraints and the
increased time to measure each fluorescent tag, fewer tags will
be measured, which may be important depending on the project.

Indeed, in general, we must suspect that some of our ‘events’
captured on the detector will arise from two fluorescent sources
emitting within the PSF at the same time even when the field

of fluorophores is not crowded. If the two fluorophores are not
too close together, their positions might be resolved using appro-
priate algorithms that test for such cases (Mailfert et al., 2018). If
they are too close together (well within the PSF), we can resolve
them at least in principle, because they turn on and turn off or
bleach independently (Gordon et al., 2004). Let’s assume that
both are on at the same time when we start recording images.
One will bleach or blink, and the image will dim and shift slightly
from the absence of one signal. That shift can be used to deter-
mine the position of both fluorophores. A similar situation occurs
if we start with one fluorophore on and another joins it within the
PSF. The image will brighten and shift, and the positions can be
determined from the shift. The problem that remains is that if we
have very densely packed fluorophores, there may be too many to
carry out SMLM.

Cryo-samples pose a particular problem.

We now return to the issue of the accuracy of the localization. In a
frozen hydrated sample, we assume that the molecular dipoles are
fixed in space and time. The distribution of photons emitted by
the fluorophore depends on the azimuthal and polar angles of
its dipole (Mortensen et al., 2010) because the angular distribu-
tion of the emitted photons is not spherically symmetric but is
doughnut-shaped with the ‘hole’ along the axis of the dipole.
The PSF will not in general be symmetric much less Gaussian.
Figure 4a to h illustrates the appearance of the PSFs found for

Fig. 4. The top row of images of the 2D PSF is actual micrographs of fluorophores with dipoles that are fixed in space. The second row shows the simulated images
of the 2D PSF using the measured polar and azimuthal angles of the dipole as determined for the top row of images. The azimuthal angles of the dipoles are
indicated by the red arrows in the second row of images. The arrowhead on the arrow indicates the direction of the lobe of the dipole’s power profile closest
to the objective. The third row shows the polar tilt of the dipole (indicated here by the red arrow) from the plane of the specimen. The lobes flanking the
arrow show a cross section of the distribution of radiated power from the dipole. In the images, the true position of the fluorophore is the center of the
image, which is at x, y = 5, 5. With each pixel being 44 nm, it is easy to see that a Gaussian fit to images in (c), for example, would result in a significant shift
of the calculated peak position from the true position of the fluorophore. Reprinted with modification from Fig. 1 by permission from © Nature/Springer/
Palgrave, Nature Methods, Mortensen et al. (2010).
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fixed dipoles at various angles. When the dipole is oriented per-
pendicular to the direction of view, there is no bias in the estimate
of position of the fluorophore. We will return to this later. In the
images, the center of the PSF is the middle pixel, and with each
pixel corresponding to 44 nm, it is easy to see how a Gaussian
fit could lead to errors in position. If we wish to determine the
position accurately, we need to compare the observed distribution
of photons to an array of theoretical distributions. This can be
done, but it does add complexity to the instrumentation and/or
analysis (Mortensen et al., 2010; Backlund et al., 2014). If we had
assumed a Gaussian profile for the PSF, we would have systematic
errors. The expected systematic errors in focus for a high NA objec-
tive (NA = 1.49) depend on the number of photons, varying from
10 nm with 500 photons to about 6 nm with 10 000 photons.
With an objective having an NA <1, the deviation of the estimated
and actual position of the fluorophore is negligible if the fluoro-
phore is in focus and not too deep in the sample (Weisenburger
et al., 2014). There may be deviations from the true position, how-
ever, if the fluorophore is deep in the sample even if the image is in
focus. Such errors might be only a few nanometers depending on
the depth of the fluorophore. If the fluorophore is out of focus,
however, and the dipole is tilted out of the plane normal to the
optical axis, there will be deviations of the estimated position
from the true position even with an NA <1. The errors grow
quickly with defocus and can exceed 100 nm (Stallinga and
Rieger, 2010; Engelhardt et al., 2011; Backlund et al., 2014).
There is an optical trick for fixed dipoles that eliminates the bias
in the localization. An azimuthally polarizing filter can ensure
that the PSF appears axial so that there is no error in the position
even with defocus (Lew and Moerner, 2014; Backlund et al., 2016;
Dahlberg and Moerner, 2021). In brief, the added optical element
removes all but the radiation from the lateral component of the
dipole so that all dipoles appear to be perpendicular to the axial
direction and the bias is eliminated. The PSF, however, is elliptical
laterally, and this will be a problem when determining the z posi-
tion using astigmatic imaging. Moreover, there is a loss of photons,
which undoes some of the advantage of the higher NA of the objec-
tive. There is room for more experimentation here.

Although we can collect more photons with a higher NA objec-
tive, we will require more complicated imaging and analysis to
achieve the best resolution. With a lower NA objective, we will
have a smaller error due to fixed dipoles but a larger error due to
collecting fewer photons. One more thing: most laser excitation or
switching light is plane polarized. Plane-polarized light maximally
excites or switches fluorophores that have their dipoles parallel to
the plane of polarization. If the plane of polarization is at right
angles to the dipole, there is no excitation or switching. To excite
or switch all fluorophores equally and independent of the orienta-
tion of their dipoles, we would have to use cross beam excitation
(Valles and Hess, 2017), which may require higher NA objectives.
At least we can use circularly polarized light in which the plane
of polarized light rotates continuously. There are optical elements
that convert plane to circularly polarized light, which will excite flu-
orophores with dipoles at any angle in the plane of the sample but
less efficiently with dipoles tilted out of that plane. The problem is
worse with lower NA objectives in which the angular spread of the
excitation beam is smaller than with higher NA objectives.

Do fluorophores damage our target?

Does it matter if we do not capture as many photons as possible
because we have a lower NA objective? It might because, sadly,

fluorophores are not benign tags. As in the case of the
miniSOG (Shu et al., 2011), fluorophores generate destructive
species such as free radicals, peroxides, etc. These agents may
not only destroy the fluorophore, but may also damage or kill a
cell. One such FP so readily destroys cells that it is aptly named
killer red (Bulina, et al., 2006). Of course, we would care about
such damage if we were using fluorescent tags to mark the posi-
tions of targets that we want to subject to subtomogram averaging
or if we have a high density of fluorophores in our region of inter-
est. Such damage may be less important in other circumstances.
In general, if we view the cell by fluorescence prior to freezing
the cell, we should try to keep the power of the illuminating
laser beams as low as possible and capture as many photons as
possible to keep the cell in as near a native condition as possible.

When the cell is frozen, we get more photons before bleaching
than we do at room temperature. The fluorophores still bleach,
and the destructive species are still produced albeit at a greatly
reduced rate due in part to the limited rate of oxygen diffusion
under cryogenic conditions (Dahlberg and Moerner, 2021).
Whether the number of reactive species is sufficient to damage
a target is uncertain. But, if there are sufficient numbers, can
these destructive species diffuse far enough to damage our target
structure? There are some measurements of small molecules dif-
fusing in amorphous ice. Diffusion characteristics of small mole-
cules in low-density amorphous ice were modeled by molecular
dynamics simulations and also measured experimentally
(Ghesquière et al., 2015). The diffusion coefficient of water mol-
ecules in vitreous ice at near liquid nitrogen temperatures varies
from ∼10−14 to 10−15 cm2/s. The rms distance a molecule
would travel is given by

�����
〈x2〉

√
=

�����
2Dt

√

where D is the diffusion coefficient and t is the time. A water mol-
ecule could travel by diffusion about 1 nm in 1 s to about 8 nm in
a minute. Given that we collect data over many minutes, we might
want to determine experimentally if these destructive species can
harm our target. Whatever we find, it is best to keep the sample as
cold as possible and efficiently collect as many photons as possi-
ble consistent with the acceptable level of damage.

We must avoid melting our cryo-sample.

We have another consideration. Namely, a strong laser beam can
heat the sample enough to cause the vitreous ice to become
microcrystalline and compromise the quality of the cryo-EM
images (Chang et al., 2014). For very thin layers of ice, an inten-
sity greater than ∼550W/cm2 can cause such changes. This lim-
ited intensity increases the time needed to carry out the SMLM
mapping of tags, which is not a good thing. Replacement of the
layer of carbon on an EM grid, however, with a very thin layer
of formvar, which is less absorbent of light than carbon, permits
powers of 1.5 kW/cm2 (Liu et al., 2015). It is not clear that the
various literature measurements about acceptable laser powers
are truly comparable. The maximum intensity may also depend
on the heat conductivity of the cold stage, on the nature of the
sample (Chang et al., 2014), and on the wavelength used. We
should, therefore, determine what power is acceptable given our
lasers, cold stages, and our samples. The crystallization can be
detected either by electron diffraction of the sample (e.g. Liu
et al., 2015) or by inspection of the images (Chang et al., 2014).
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What kind of cryo-FM do we need for cryo-CLEM?

The existing cryo-FMs may not be optimal. What features might
we want in an improved cryo-FM for cryo-CLEM? To keep the
design and data analysis as simple as possible while maintaining
a reasonable accuracy, let ’s consider a low NA, gas or vacuum
coupled objective as in Fig. 3a. These cryo-stage designs, however,
may not work for SMLM because the sample may distort the
image of the fluorophore. The reason is that we want as little
water left behind as possible when we blot the grid prior to freez-
ing. This applies if we plan to look through the thinnest part of a
cell such as a lamellipodium where a layer of ice would degrade
the image. The same is true if we want to mill a lamella because
we use the scanning electron microscope (SEM) image of the cell
protruding above the grid to position the milling beam. The fro-
zen cells sticking up from the grid into the cold gas or vacuum act
as misshapen lenses that will distort the image of the fluorophore
(Lauren Metskas, personal communication). Can we simply
ignore the distortion? Suppose we want to look 5 μm deep into
a cell using an NA = 0.8 objective. The diameter of the fluores-
cence exiting the cell surface that is collected by the objective is
d = 5 × 2 × tan(arcsin(0.8)) = 13 μm. Thus, the surface of the cell
should be flat to at least a quarter of a wavelength or about 125
nm over an area of about 13 by 13 μm2. This constraint poses a
particular problem for devices that combine cryo-FIB-SEM and
cryo-FM. With the cells poking up into the vacuum, SMLM
may require some modification.

The use of adaptive optics (Booth, 2014; Bonora et al., 2015),
which tries to flatten the optical inhomogeneities, offers one ave-
nue of approach to compensating for the protruding cell bodies,
but such optics have not yet been used for this particular problem.
We might be able to circumvent the problem by not looking down
on top of the cell as it protrudes from the grid, but rather by using
an inverted FM, we can look up through the flat side of the cell.
This is the way cryo-SMLM was done by Chang et al. (2014).
Another solution to the problem is to immerse the grid in an
index matching cryo-fluid such as liquid propane (n = 1.34) or
perhaps liquid ethane (n = 1.38) because the refractive index of
the cytosol is about 1.35 (Hassani and Kreysing, 2019). Thus,
we may want a cold stage in which the cells are sitting in a
refractive-index-matching cryo-liquid. The cryo-FM designs in
Fig. 3b or Fig. 3c would be a possibility. Remember that we
must remove this cryo-liquid in order to carry out operations
such as milling in the FIB-SEM or imaging in the EM. In one
study, the cryo-fluid (a hydrocarbon) was removed from grids
by washing in cold liquid ethane (Nahmani et al., 2017). Which
cryo-liquid would be easiest to use while keeping localization
errors in an acceptable range requires experimentation. The pro-
trusion of cells from grids in an FIB-SEM device remains an issue
to be solved and that applies to the commercially available cryo-
stages on upright microscopes

To reduce the background as much as possible, we would like
to use light-sheet illumination or something like it, if possible, so
that we minimize background fluorescence from outside our zone
of data collection. If we are considering what kind of cold stage we
want, why not consider a built-in freezer? If propane or ethane is
used as our cryo- liquid, we could design the stage so that the pro-
pane or ethane acts both as our cryogen and as our cryo-liquid.
Thus, we could watch our cell while it is alive, blot and freeze it
at the instant an event of interest has occurred, and map our flu-
orophore locations. Finally, we would remove the cryo-liquid and
proceed to cryo-EM or cryo-FIB milling. Is this a device that will

make our work easier? Can such a stage be produced? Is it just a
matter of turning the engineering crank?

What are our localization goals for the cryo-FM and
cryo-EM?

To determine the correct position to mill a 150 nm thick lamella,
we need an error in z that is not much more than, let ’s say, ∼30
nm, which would help keep the target within the milled lamella
on the one hand, and reduce the volume we might search to
find the target on the other. Clearly, the choice of 30 nm is arbi-
trary and might be larger or smaller depending on the structure
being studied. The error in z using a cylindrical lens at room tem-
perature is about 20 nm (Huang et al., 2008), which is acceptable.

Whether the z position can be determined that accurately at
cryo-temperatures using astigmatism remains to be determined
given systematic errors from defocused images of fixed dipoles.
Our other choice is to use a through focal series to determine
the PSF in x, y, and z.

If we do not use an immersion objective, we must correct for
the foreshortening of the depth of the fluorophore by the higher
refractive index of the medium (e.g. cell cytoplasm) compared to
the low refractive index of the air or vacuum. This foreshortening
effect is seen when looking at a fish tank. The fish seem to be
closer than they really are. Indeed, the true distance of the fluoro-
phore from the refractive index boundary must be increased by
multiplying the measured distance by the refractive index of the
medium. The distance we measure in the FM is relative to the
objective lens. We need to determine the z position relative to
some position that can be used as reference in the milling
machine or in our cryo-ET. If the support film on which the
cells sit is fluorescently labeled, then we can use the change in
focus from the support film to the tag in the cell to determine
the actual depth (Fig. 5). We can probably ignore the effect of
wavelength because the change in refractive index with wave-
length, at least for water, is small (Δn∼ 0.003) over a range of
500–600 nm. The refractive index variation inside a cell, however,
can vary from 1.355 to 1.390 (e.g. Zhang et al., 2017), which may
lead to significant errors in determining z. If we have an SMLM
microscope built into the FIB-SEM device, we could get an initial
estimate of the tag’s position, do a rough milling down to about 2
μm, and again determine the axial position. At a thickness of
about 2 μm, an error in the refractive index will not cause a sig-
nificant error in the position of the tag. At present, there are
FIB-SEM instruments with an FM built in (Gorelick et al.,
2019). Indeed, Delmic offers the Meteor, a commercially available
inverted FM that can be added to an FIB-SEM. If the NA is about
0.90, it should be possible to adapt these FMs for SMLM.
Moreover, having the mapping done in the FIB-SEM device
reduces one interdevice transfer of the sample, which can reduce
the possibility of ice contamination. There is now a better way to
transfer samples, however, which may solve the transfer problem
(Tacke et al., 2020). Clearly this is an area to be further explored.

If we can map the positions of fluorophores with tolerable
errors, can we transfer those coordinates accurately from the
cryo-FM to the cryo-FIB-SEM, which is used for milling lamellae,
or to a cryo-ET? We will most likely need to make other measure-
ments inside the FIB-SEM device or cryo-EM to align the SMLM
map to the FIB-SEM or cryo-ET coordinate systems. A protocol
exists for effecting a transfer from a cryo-FM to the cryo-EM
(Schorb et al., 2017), but the accuracy, which is tens of nanome-
ters, may not be sufficient for our purposes. The transfer will be
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much easier if an SMLM instrument is part of the FIB-SEM
device, which will make the positioning of the milling beam
much easier and may make the alignment of the fluorescent
image to the ensuing cryo-ET of the milled lamella easier. This
is an area that requires further work.

How well can we align the fluorescence map to the cryo-EM
map?

We begin considering only x, y localization. In one study using a
commercially available cryo-FM, Tuijtel et al. (2019) found that
the mean error for localization of a tag was about 30 nm, and
the mean error of alignment of the FM images to the EM images
was also about 30 nm. The latter measurements were not made
using fluorescent nanospheres but using fluorescent nanotubes
aligned in projection. By combining the two sources of error
with equal weights, we might expect the total error to be about
30 nm multiplied by the square root of 2, or about 50 nm. A direct
measurement of the total error in superimposing fluorescent FM
images with cryo-EM images was carried out (Schorb and Briggs,
2014). In this case, fluorescent beads were used to carry out the
alignment of the FM and EM images. The targets in this case
were fluorescent virus particles. The positions of the fluorescent
images relative to the EM images of the virus particles revealed
an average error of 50 nm. A part of the error was attributed to

local distortions such as those caused by beam-induced motion
(BIM) (Downing, 1991; Brilot et al., 2012) in which the layer of
ice over a hole in the grid becomes distorted when the electron
beam is turned on.

With direct electron detectors (DEDs), we might be able to do
better. DEDs are sensitive enough to divide a single exposure dose
into a ‘movie’ of many frames. Corresponding regions of each
frame could be aligned to one another and averaged to eliminate
most of the BIM. Although the DEDs have thus enabled correc-
tions for these motions (Campbell et al., 2012), they are best
done by local regions within an image rather than globally. The
point is that the motions of fiducial markers can vary from one
fiducial marker to the next, meaning that the positions of the
fiducial markers can move relative to one another (Brilot et al.,
2012; Schorb and Briggs, 2014). Schorb and Briggs, who saw an
average error of 50 nm, used a CCD camera, which provides a sin-
gle image upon exposure of the specimen to the electron beam.
Thus, these researchers would not have been able to make any
correction for BIM. Given that we now have DEDs, we can take
‘movies’ instead of a single exposure, and we can do better.
Since the initial frames in the movies are closest to the starting
positions of the fiducials, seen in the FM, perhaps the use of
the first frame as reference to align the other frames will keep
the averaged EM image closest to that seen in the FM thus reduc-
ing the effect of BIM.

Fortunately for intact cells and FIB milled lamellae, BIM seems
much smaller than in single particle cryo-EM. The additional bulk
of cells keeps the BIM in some cases to 1–2 nm (Danielle Grotjahn,
personal communication). Large organelles may also show limited
BIM. At zero-degree tilt, there is essentially no BIM in images of
cilia, whereas tilts of 30+ degrees can give rise to BIM of a few nano-
meters (Daniela Nicastro, personal communication). A method of
using fiducials to correct for BIM in a tomographic series of images
improves the alignment of images in the series to give better tomo-
grams (Fernandez et al., 2019). Every little bit helps.

Two recent papers have made efforts to locate fluorophores in
cryo-EM maps. In the first paper (Dahlberg et al., 2020), the
authors aimed to locate the position of a particular protein in
cryo-ETs of a thin bacterium. SMLM for a PAmKate tag with
its high photon count gave a precision of about 9 nm on average
in x and y and about 35 nm in z. The task of aligning the x, y posi-
tions of the fluorophores to the coordinate system of the tomo-
gram was done in two steps. In the first step, fluorescence
images were aligned to a low magnification electron micrograph
using 12–16 holes in the EM grid. Next, 15–25 gold beads were
used to align the low magnification EM image to an axial projec-
tion of the tomogram. This method was verified using tomograms
of 40 nm fluorescent beads, and the authors determined an x, y
registration error of ∼30 nm. The axial registration proved prob-
lematic as expected with the suggestion that more investigation
is needed. They were able to produce axial alignment by moving
the grouping of fluorophore positions into a region of the cell pre-
viously known to contain the target proteins. Although fluores-
cent beads were used to check the accuracy of the method, they
were not found to be the best features to use when aligning the
SMLM map to the cryo-ET map.

The second paper (Hoffman et al., 2020), which sets forth its
methods in detail, superimposes the fluorescent tags onto an
FIB-SEM map of a cell. The starting point is an SMLM map of
a high-pressure frozen cell. The mapping was done through the
sapphire disk on which the cells were frozen so that the issue of
cells protruding into space was not a problem. The sample was

Fig. 5. The left side of the figure depicts an objective lens focused through a support-
ing film (horizontal blue line) onto a fluorophore (yellow burst) in the heart of a cell
(dome-shaped structure) of refractive index n. The right side shows the objective
focused on a fluorophore attached to the supporting film. The change in focus dmul-
tiplied by n gives the true position z of the fluorophore in the cell relative to the fluo-
rophore on the grid.
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then subjected to freeze-substitution, heavy metal staining,
FIB-SEM milling, and imaging. The registration of the SMLM
map to the FIB-SEM map made use of intracellular organelles
as fiducials. Because the various steps from freeze substitution
to generating an FIB-SEM map introduced distortions, a non-
linear mapping determined from the various fiducials was used
to overlay the SMLM and FIB-SEM maps. The accuracy of the
overlay in one example was 89 nm and in another 27 nm. The
difference in accuracies may be attributable, for example, to the
differences in the number of fiducials available or differences in
the relative motions of the organelles during preparation and
viewing but it was not due apparently to the precision of the
localization of the tags. Perhaps we could design an FP with a
distinctive shape that could be easily recognized in an EM map
so we did not need such accurate alignments of SMLM maps to
EM maps. As a community, we have more work to do to achieve
localization for ever smaller structural targets.

Remember that what we localize is the tag not the target. We
can use the position of the tag to define a local volume that should
contain our target. At present, we can locate targets of known
structure and sufficient size in 2D images (Rickgauer et al.,
2017). Can our SMLM (localization) map be of use in restricting
the volumes within the tomogram that we need to search? Might
not our SMLM map, by reducing the volume searched and hence
the number of false positives, improve the sensitivity of the
method? Might the SMLM map also be useful for localizing
and determining the structure of a target whose structure is not
known? Perhaps volumes around tags could be subjected to single
particle methods to locate recurring structures within them. This
is speculative, but we should keep it in mind.

Concluding remarks and outstanding questions

CLEM has been useful for many projects, but it has not yet been
pushed to its limits. We have looked at the various problems asso-
ciated in carrying out cryo-SMLM. There are paths to increasing
the localization of tags and therefore targets, but we need more
experimentation. We need to answer these and other questions:

(1) Do the destructive species generated by fluorescent tags
attached to targets damage the targets?

(2) Do we want a cryo-FM equipped for SMLM as a stand-alone
device perhaps with a built-in freeze plunger or do we want
SMLM built into the FIB-SEM device?

(3) What is the best objective to use? Is a low NA objective, which
is easier to use than a high NA objective good enough? If a
higher NA objective is better, does an NA of 1.2 or 1.3 supply
enough of an advantage to make it worthwhile? If an even
higher NA is better, can we incorporate a superSIL objective
to view a sample on an EM grid?

(4) What is the best way to measure z? Will one exposure with
astigmatism or another trick work or do we need to take a
through focal series?

(5) How can we best align our fluorescence map to our FIB-SEM
image or to our cryo-ET?

Perhaps an international meeting to generate ideas is needed to
decide which methods can best determine where in the cell is
my protein.
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